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ABSTRACT: The Deepwater Horizon oil spill led to the severe contamination of
coastal environments in the Gulf of Mexico. A previous study detailed coastal
saltmarsh erosion and recovery in a number of oil-impacted and nonimpacted
reference sites in Barataria Bay, Louisiana over the first 18 months after the spill.
Concentrations of alkanes and polyaromatic hydrocarbons (PAHs) at oil-
impacted sites significantly decreased over this time period. Here, a combination
of DNA, lipid, and isotopic approaches confirm that microbial biodegradation was
contributing to the observed petroleum mass loss. Natural abundance 14C analysis
of microbial phospholipid fatty acids (PLFA) reveals that petroleum-derived
carbon was a primary carbon source for microbial communities at impacted sites
several months following oil intrusion when the highest concentrations of oil were
present. Also at this time, microbial community analysis suggests that community
structure of all three domains has shifted with the intrusion of oil. These results
suggest that Gulf of Mexico marsh sediments have considerable biodegradation
potential and that natural attenuation is playing a role in impacted sites.

■ INTRODUCTION
The April 2010 explosion on the Deepwater Horizon drilling
platform resulted in the largest accidental marine oil spill in
history. Over the course of three months, approximately 4.9
million barrels of light crude oil (MC252) were released into
Gulf of Mexico waters leading to the contamination of
hundreds of kilometers of shoreline.1−4 Coastal ecosystems
provide important ecological and economic services such as
storm protection, carbon sequestration, and nurseries for fish
and shellfish.5−7 Salt marshes are particularly vulnerable to oil
contamination due to low wave action and high organic matter
content of sediments which lead to greater sorption of organic
contaminants.8 Previous studies have shown that spilled oils can
persist for years to decades in salt marshes,9−13 and media
reports indicate that such persistence may be occurring in
coastal salt marshes in the Gulf of Mexico.
Understanding the processes contributing to the removal

and/or degradation of petroleum is an important step in
assessing the ongoing impacts and the fate of the Deepwater
Horizon spilled oil in this region. A range of physical and
biological processes can lead to observed mass loss of
petroleum hydrocarbons in coastal environments. While

physical processes, such as shoreline erosion, volatilization, or
water washing, may move hydrocarbons into other environ-
mental compartments, these processes do not reduce the
toxicity of these compounds. Biodegradation mediated by
indigenous microbial communities is a key process by which
petroleum hydrocarbons are mineralized and removed from
contaminated environments.3 Thus, microbial oil biodegrada-
tion is recognized as one of the most important methods for oil
spill remediation, particularly in saltmarsh environments where
physical cleanup activities can cause further damage to
vegetation.14,15

Although microbial degradation of petroleum hydrocarbons
has been well-studied, our ability to predict and discern this
process by indigenous microbial communities under in situ
conditions is limited. The majority of biodegradation studies
have focused mainly on bacterial degradation of hydrocarbons
under homogeneous enrichment conditions in laboratory
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settings.16−22 However, biodegradation in the natural environ-
ment is highly variable and involves complex interactions
between species and the geochemical properties of the
surrounding environment. Environmental factors such as
nutrients, temperature, salinity, and the presence of oxygen
can significantly affect the occurrence and rate of biodegrada-
tion.23,24 Furthermore, the presence and coexistence of species
from all three microbial domains of life (bacteria, archaea,
fungi) within the natural environment implies that multiple
hydrocarbon-degrading groups may be contributing to
biodegradation at oil-impacted sites. Knowledge of microbial
community structure and the response of crucial hydrocarbon-
degrading groups can provide insight into the dynamics and
mechanisms controlling the growth and activity of micro-
organisms in contaminated environments.25 However, few
studies have attempted to investigate the response of all three
microbial domains to petroleum contamination and to correlate
these responses with geochemical indicators of biodegradation.
To date, studies have observed enrichment of hydrocarbon-
degrading bacteria and fungi in a number of marine
environments following the Deepwater Horizon oil spill
including the water column, beach sands, and marsh sedi-
ments.26−32

Beyond identifying the presence of hydrocarbon-degrading
microbial groups, demonstrating biodegradation under in situ
conditions is challenging. It is often difficult to confirm that
mass loss of petroleum is a result of biodegradation rather than
abiotic weathering processes due to the heterogeneous
distributions of contaminants, high levels of oil sorption to
organic matter and minerals, and dynamic conditions of coastal
environments. Compound specific radiocarbon (14C) analysis
of microbial phospholipid fatty acids (PLFA) is a powerful tool
for elucidating microbial carbon sources and confirming in situ
biodegradation of petroleum in complex environmental
systems.12,33−37 This technique is based on the geologic age
of petroleum hydrocarbons, which will have no detectable 14C
due to loss by radioactive decay (Δ14C = −1000‰). In
contrast, sedimentary organic matter contains carbon with
variable radiocarbon ages38 including recently photosynthesized
material with a Δ14C value of approximately +50‰, consistent
with a modern atmosphere source.39 Microbial uptake and
incorporation of petroleum carbon will reduce the 14C content
of microbial membrane lipids, such as PLFAs, relative to the
surrounding natural organic matter.12 In the case of salt
marshes, a similar isotopic mass balance using stable carbon
isotopes can also be used to confirm the occurrence of
biodegradation.40 Coastal marshes are dominated by grasses,
specifically Spartina sp., which have δ13C values of −12 to
−14‰ and sedimentary organic matter in these marshes have
δ13C values ranging −14 to −18‰ due to the contribution of
other sources of organic matter.41,42 In contrast, crude oils are
more depleted in 13C (MC252 oil, δ13C = −27‰). This
isotopic difference was used to demonstrate that Spartina-
derived organic matter, rather than petroleum hydrocarbons,
was the primary source of carbon for microbial communities in
other oil-impacted saltmarsh sediments.12,43

In a previous study, saltmarsh erosion and ecological impacts
were detailed at seven different sites in Barataria Bay, Louisiana,
which experienced some of the most extensive oil contam-
ination due to the Deepwater Horizon oil spill.44 Marsh
sediments collected at 5, 11, and 18 months following oil
intrusion showed significant decreases in hydrocarbon concen-
trations such that by 18 months (October 2011), oil-impacted

sites had hydrocarbon concentrations that were comparable to
those of nonimpacted reference sites. The study reported here
focused on a subset of these sites with the goal of
demonstrating that microbial biodegradation was contributing
to the observed mass loss of petroleum in sediments. Further,
the response of all three microbial domains (bacteria, archaea,
and fungi) to severe petroleum contamination was assessed in
order to observe shifts in community structure and identify
taxonomic groups that may be potentially involved in
biodegradation. To our knowledge, this is the first study to
characterize all three microbial domains simultaneously in a
petroleum-contaminated environment with the aim of elucidat-
ing microbial function and bioremediation outcomes.

■ MATERIALS AND METHODS
Study Site and Sample Collection. All sampling sites

were located in Spartina alternif lora-dominated salt marshes in
Barataria Bay, Louisiana. Samples were collected from two
“impacted” sites and two “reference” sites (Figure S1, Table
S1); from this point forward these sites will be referred to as
impacted site 1, impacted site 2, reference site 1, and reference
site 2. A detailed description of these sites can be found in
Silliman et al.44 Briefly, impacted sites had evident oil residues
and oil-covered dead and decaying grass stems, whereas
reference sites had no visible oil residues on substrates or
marsh plants. Sediment samples were collected 3 m from the
marsh platform edge at each site in October 2010, April 2011,
and October 2011 (approximately 5, 11, and 18 months after
initial oil intrusion). For each sediment sample, four cores (5
cm in depth) were collected from an area of 1 m2 and were
homogenized in the field to generate a representative sample
for each location. Sediment samples were placed in
precombusted glass jars and maintained in a cooler until
reaching the laboratory, at which point they were stored at −80
°C.

Quantification of Hydrocarbons. Methods used to
analyze sedimentary hydrocarbon compound concentrations
in marsh sediments are detailed elsewhere.44 Briefly, 0.05−2.5 g
wet sediment samples were spiked with a range of deuterated
PAH and alkane standards. The samples were extracted three
times by accelerated solvent extraction (ASE) using a hexane
and acetone mixture (50:50, v/v), concentrated, and then back-
extracted three times into a 50:50 (v/v) mixture of aqueous
sodium chloride and hexane to remove the remaining water.
Samples were purified and separated into alkane and PAH
compound classes using activated silica open-column chroma-
tography. Alkanes and their associated ‘unresolved complex
mixture’ (UCM) were analyzed by gas chromatography
(Shimadzu GC-2010 coupled with an FID). The alkanes
were quantified using alkane standards added just prior to GC
injection, and the UCM was quantified assuming the average
relative response factor for C16−C32 alkane standards.
Polyaromatic hydrocarbons (PAHs) were identified and
quantified by GC-mass spectrometry (Shimadzu GC-2010
coupled with a MS GCMS-QP2010S) using selected ion
selective ion monitoring (SIMS).

Microbial DNA Analysis. Genomic DNA was extracted
from a total of eight homogenized sediment samples collected 5
and 18 months after oil intrusion from impacted and reference
sites using the PowerSoil DNA Isolation kit (MoBio
Laboratories Inc., Carlsbad, CA) according to manufacturer’s
protocol. A total of six DNA extractions were carried out per
homogenized sediment sample, and three extracts were pooled
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together resulting in two replicate DNA extracts per sediment
sample. A total of 16 DNA extracts (8 sediment samples in
replicate) were sent to Molecular Research LP (Lubbock, TX,
USA) for tag-encoded GS FLX Titanium amplicon pyrose-
quencing (Roche 454). The 16S rDNA (rDNA) was targeted
using primers 27F-530R for bacteria and Arch344F-Arch915R
for archaea.45,46 The fungal internal transcribed spacer (ITS)
region of rDNA was targeted using primers ITS1F-ITS4R.47−49

16S and ITS sequences were quality trimmed using a custom
sequence preprocessing pipeline. 16S sequences were classified
using a local installation of the Ribosomal Database Project 16S
classifier v. 2.5 (http://pyro.cme.msu.edu/) and MEGAN. ITS
sequences were further processed using the Fungal ITS
Extractor and classified using BLAST+MEGAN. Details of
microbial DNA analysis including primer sequences and
bioinformatic analyses can be found in the Supporting
Information.
Microbial PLFA Analysis. For each sediment sample, 40 to

100 g of sediment was extracted using a modified Bligh and
Dyer method,50 as per Slater et al., 2005. Briefly, lipids were
separated into nonpolar, neutral, and polar fractions using silica
gel chromatography. The polar fraction, which contained
phospholipids, was subjected to mild alkaline methanolysis,
according to standard methods,50 in order to convert
phospholipids into to fatty acid methyl esters (FAMEs). This
mild alkaline methanolysis step is designed to hydrolyze and
methylate only the esterified fatty acids, leaving other bonds
such as amides and ether linkages intact.50,51 Since ester bonds
hydrolyze fairly rapidly52 and are not expected to be significant
components of natural organic matter,53−55 compounds such as
humic acids remain intact. Thus, this reaction produces
primarily FAMEs derived from phospholipid fatty acids
(PLFA). In order to further reduce the possibility of other
carbon compounds being present in this fraction, the FAMEs
were then further purified via silica gel chromatography
designed to elute only a limited polarity range and thus to
remove any other contributions to this fraction. The FAME

fraction was then reanalyzed by GC/MS to ensure that it
contained only FAMEs. This fraction is representative of the
microbial PLFA in the sample. However, in recognition of the
fact that we cannot directly demonstrate the absence of
compounds that would not be detected by GC/MS, we have
termed this fraction the ‘PLFA-rich’ fraction. Details of
phospholipid extraction, purification, and identification are
described in the Supporting Information.

Compound Specific Stable Carbon and Radiocarbon
Analysis. Stable carbon and radiocarbon isotopes were
measured for PLFA-rich fractions and total organic carbon
pools in sediments collected 5 and 18 months after initial oil
contact.
The PLFA-rich fraction was measured as a bulk sample for

δ13C and Δ14C analyses since there was insufficient sample to
analyze individual PLFAs. However, bulk PLFA analysis still
allows for accurate assessment of microbial carbon sources
since there is little variation between the isotopic signature of
PLFA compounds from the same site.12,34,36 Further, as
described above and in Ahad et al., 2010 and Mahmoudi et
al., 2013, several steps were taken to ensure that the PLFA-rich
fraction was free of any contaminants and/or background lipids.
Process blanks which were exposed to the same solvents and
procedures as sediment samples were found to be free of
contaminants. In addition, PLFA-rich fractions were evaporated
to a small volume in order to assess the presence of color due
any potential humic contamination and were found to be clear.
Lastly, δ13C analysis of individual PLFAs was carried out for a
number of samples in order to confirm consistency between
individual PLFAs (δ13C16:0, δ

13C18:1) and the bulk PLFA-rich
fraction (δ13CPLFA‑rich). The PLFAs 16:0 and 18:1 were
dominant across all sediment samples, and, although they are
not associated with a particular microbial group, they are
known to be present in almost all microorganisms.56 In all
cases, δ13C values for the bulk PLFA-rich fraction and
individual PLFAs, 16:0 and 18:1, were found to be within 0−
2‰ (within error) (Table S5). This agreement further

Figure 1. Sediment compound class concentrations at 5, 11, and 18 months after initial oil contact at two oil-impacted and two reference sites for (a)
PAH, (b) alkane, (c) UCM, and (d) PLFA concentrations.
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supports that the PLFA-rich fraction is dominated, if not
exclusively, derived from microbial PLFA.
Bulk TOC-δ13C and of TOC-Δ14C of each sample was

determined after decarbonating oven-dried sediment (50 °C for
48 h) using HCl. In addition, δ13C and Δ14C of residual
sediment remaining following solvent extraction, defined as
solvent-extracted residues (EXT-RES), was also determined.
Based on White et al.,57 this EXT-RES was taken to represent
the natural organic matter since any petroleum hydrocarbons
are removed during extraction. Details of the total lipid
extraction procedure used can be found in the Supporting
Information.
Stable and radiocarbon isotope signatures of the PLFA-rich

fraction, TOC, and EXT-RES were measured at the Centre for
Applied Isotope Studies at University of Georgia. Samples were
combusted to carbon dioxide (CO2), and approximately 10% of
the CO2 was reserved for δ13C analysis which was performed
on a dual inlet Finnigan MAT 252 Isotope Ratio Mass
Spectrometer (IRMS). The remaining CO2 was converted to
graphite for Δ14C analysis by accelerator mass spectrometry
(AMS). Radiocarbon values were normalized to a δ13C of
−25‰ and expressed in Δ14C notation as permil (‰) relative
to deviation from the 14C Standard Reference Material 4990B
oxalic acid.58 This normalization removes the effects of isotopic
fractionation, thereby allowing for interpretation of Δ14C as a
direct tracer of microbial carbon sources.12 In this context,
petroleum will have a Δ14C value of −1000‰ since it contains
no detectable 14C, whereas carbon derived from recently
photosynthesized materials will have values of approximately
+50‰. The accuracy and reproducibility for Δ14C analysis was
±10‰ for TOC and EXT-RES, ±20‰ for PLFA-rich fraction,
and ±0.5‰ for δ13C analysis. These errors include the accuracy
and precision of the instrument as well as the limitations of the
preparation method.59,60

■ RESULTS

Hydrocarbons. Five months after the spill the impacted
sites had UCM concentrations of 26,465 to 50,380 mg/kg, total
alkane concentrations of 1303 to 6987 mg/kg, and PAH
concentrations of 16.2 to 99.4 mg/kg (Figure 1). These
concentrations were 100 times higher than those of the
reference sites, which had UCM concentrations of 18 to 280
mg/kg, total alkane concentrations of 17 to 52 mg/kg, and total
PAH concentrations of 1.1 to 1.5 mg/kg. Following the 5

month time point, UCM, alkane, and PAH concentrations at
impacted sites rapidly decreased, and, by 11 months,
concentrations had been reduced by 80−90%. By 18 months,
PAH, alkane, and UCM concentrations at impacted sites were
almost equivalent to those at reference sites.

Microbial PLFAs. Microbial PLFA concentrations were
greater at reference sites at 5 and 11 months after oil intrusion
compared to those of impacted sites (Figure 1, Table S2).
However, by 18 months, PLFA concentrations at impacted sites
were comparable to those at reference site 1. PLFA
concentrations at reference site 2 decreased over time, whereas
PLFA concentrations at the other three sites remained
relatively consistent or increased slightly. Using an average
conversion factor of 4 × 104 cells pmol−1 of PLFA,61 these
PLFA concentrations correspond to cell densities of 4.6 × 108

to 3.6 × 109 cells g−1 at the reference sites and 2.1 × 108 to 5.3
× 108 cells g−1 at the impacted sites (Table S2), which are
within the range of previously reported cell densities for salt
marshes and contaminated environments.61,12,34 The PLFA
distribution at all sites was dominated by monounsaturated and
n-saturated PLFAs, as expected for surface sediments (Table
S3).62 Consistent with previous findings,12,35,37 there was no
relationship between PLFA distributions and hydrocarbon
concentrations in sediments (Table S2).

Compound-Specific Radiocarbon. Impacted sites sedi-
ments had dramatically lower Δ14CTOC values 5 months after
oiling relative to reference sites (by at least 500‰) due to the
presence of highly depleted petroleum carbon (Δ14C =
−1000‰) (Figure 2). By 18 months, Δ14CTOC values at
impacted and reference sites were comparable, consistent with
the similar hydrocarbon concentrations found across sites at
this later time point. There was less variation in Δ14CEXT‑RES
values across sites; this is expected since EXT-RES represents
naturally occurring organic matter and does not include the
contribution of petroleum carbon.57 Reference sites had similar
Δ14CEXT‑RES and Δ14CTOC values (within error) confirming the
minimal presence of petroleum at these sites. Temporal
variations in Δ14CEXT‑RES and Δ14CTOC values were observed
across all sites over the 18 months of this study; however, these
variations were fairly small (∼20−30‰) and may be due to
natural variability in the age of organic matter in this system.
The Δ14CPLFA‑rich values at impacted sites 5 months after

oiling (Δ14CPLFA = −815 and −882‰) were highly depleted in
14C relative to TOC and by up to 740‰ from EXT-RES. These

Figure 2. Radiocarbon (Δ14C) values for TOC, EXT-RES, and PLFA-rich fractions for oil-impacted and reference sites (a) 5 months after oil
intrusion (October 2010) and (b) 18 months after oil intrusion (October 2011). Error bars represent accuracy and reproducibility of the analyses.
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depleted Δ14CPLFA values are consistent with previous studies in
which microbial degradation of petroleum was observed.33,35,36

By 18 months, Δ14CPLFA‑rich values at impacted sites (Δ14CPLFA
= −181 and −136‰) were considerably less depleted relative
to TOC and EXT-RES and comparable to Δ14CPLFA‑rich values
at reference sites.
Compound-Specific Carbon Stable Isotopes. The

δ13CTOC of the impacted site sediments 5 months following
oil intrusion were 4−5‰ lower compared to reference sites,
consistent with the presence of 13C-depleted petroleum carbon
(Figure 3, BP crude oil; δ13C = −27‰). By 18 months,
δ13CTOC values at impacted sites were comparable to that of
references sites, consistent with minimal hydrocarbon concen-
trations measured at this later time point. The observed
sediment δ13CTOC values (∼20−21‰) were slightly more
depleted than the expected values for Spartina-dominated
marsh systems (∼14−18‰).41,42 However, Silliman et al.,44

detailed marsh vegetation at these sites and found Spartina sp.
to be the dominant marsh plant. There is potential for input of
organic matter from other carbon sources such as C3 vegetation
via the Mississippi-Atchafalaya river system63 which may
account for more depleted δ13CTOC values. Likewise, Wang et
al.,64 found sediment δ13CTOC values of −19‰ in Spartina-
dominated marshes due to the contribution of organic matter
from other sources. In contrast, the δ13CEXT‑RES values did not
show inputs of other carbon sources and were comparable to
the expectation for Spartina-dominated environments.12

The δ13CPLFA‑rich values of impacted sites ranged from −28.7
to −31.5‰, while the reference sites ranged from −26.2 to
−29.2‰. Unlike for Δ14C, the δ13CPLFA‑rich values at impacted
sites were indistinguishable from reference sites, and there was
little temporal variation (less than 2‰) in δ13CPLFA‑rich values.
Microbial Community Structure. Pyrosequencing-based

analysis of 16S rDNA and fungal ITS amplicons recovered a
total of 66,129 bacterial 16S, 85,645 archaeal 16S, and 99,013
fungal ITS raw pyrotag sequences. Following stringent quality
control, a total of 49,433 bacterial 16S, 79,213 archaeal 16S, and
95,893 fungal ITS reads were retained for community analysis.
Sequence clustering based on 97% sequence similarity yielded a
total of 5,916 bacterial, 4,664 archaeal, and 948 fungal
operational taxonomic units (OTUs).
The dominant bacterial phylum across all sites was

Proteobacteria (65.4% of classified OTUs on average), although

Bacteroidetes (7.3%), Firmicutes (4.3%), and Acidobacteria
(3.3%) were also present in all samples. Among the
Proteobacteria, the predominant classes were the Alphaproteo-
bacteria (36.0%), Gammaproteobacteria (19.3%), and Deltapro-
teobacteria (15.5%) (Figure 4a). Alphaproteobacteria were the
dominant taxa at impacted sites at 5 months, whereas
Gammaproteobacteria and Bacilli were dominant at reference
sites. By 18 months, relative abundances of Alphaproteobacteria
decreased at impacted sites such that the relative abundance of
dominant taxa across sites became similar. Order-level
identification of Alphaproteobacteria showed a slightly higher
relative abundance of Sphingomonadales and Rhodobacterales at
impacted sites at 5 months compared to other sites and time
points (Figure S2). Nonmetric multidimensional scaling
(NMDS) analysis of the bacterial community based on the
Chi Squared distance between sites (summarized to the order
rank) showed that 5 month-impacted sites clustered together,
whereas 18 month-impacted sites were clustered more closely
with the reference sites (Figure S3a, 2D stress: 0.14, r2 = 0.87).
Fitting of hydrocarbon concentrations to the NMDS ordination
revealed a significant relationship (p < 0.05) between the
observed pattern of taxonomic clustering of impacted sites at 5
months with alkane, PAH, and UCM concentrations.
The archaeal pyrosequencing data revealed the presence of

two phyla across all sites and time points, Crenarchaeota and
Euryarchaeota (55.1% and 44.8%, average classified OTUs,
respectively), and three dominant classes, Thermoprotei
(71.4%), Methanomicrobia (26.6%) (Figure 4b). Impacted
sites had higher relative abundance of Methanomicrobia and
lower relative abundance of Thermoprotei compared to
reference sites. NMDS analysis of the archaeal community
based on the Chi Squared distance between sites (summarized
to the order rank) showed distinct clustering of impacted sites
of both time points (Figure S3b, 2D stress: 0.09, r2 = 0.99).
However, there was no significant correlation (p > 0.05)
between the observed pattern of taxonomic clustering and total
alkane, PAH, or UCM concentrations. Thus, the archaeal
communities at impacted sites were more taxonomically similar
to each other than to reference sites, regardless of the
concentrations of petroleum.
The fungal communities across all sites were dominated by

the phylum Ascomycota (56.1% of classified OTUs on average),
though Basidomycota (25.2%) and Chytridiomycota (12.0%)

Figure 3. Stable carbon (δ13C) values for TOC, EXT-RES, and PLFA-rich fractions for oil-impacted and reference sites (a) 5 months after oil
intrusion (October 2010) and (b) 18 months after oil intrusion (October 2011). Error bars represent the accuracy and reproducibility of the
analyses.
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were also prevalent. The most abundant fungal class was
Sordariomycetes (32.5%) followed by Agaricomycetes (21.0%)
and Dothideomycetes (18.1%) (Figure 4c). Five months after oil
intrusion, impacted sites were dominated by Dothideomycetes,
while reference sites were dominated by Sordariomycetes. By 18

months, the relative abundance of Dothideomycetes decreased at
impacted sites such that both impacted and reference sites were
dominated by Sordariomycetes and Agaricomycetes as well as
Chytridiomycetes, in one case. NMDS analysis of fungal
communities based on the Chi Squared distance between
sites (summarized to the class rank) show minimal clustering of
impacted sites at either time point (Figure S3c, 2D stress: 0.17,
r2 = 0.78). Fitting of hydrocarbon concentrations to the NMDS
ordination found a significant correlation (p > 0.05) between
the observed pattern of fungal taxonomic clustering for
impacted site 1 at 5 months and total alkane, PAH, or UCM
concentrations.

■ DISCUSSION
Presence of Petroleum Oil in Marsh Sediments. An

isotopic mass balance approach was used to estimate the
fraction of TOC made up of petroleum carbon ( f petro) in each
sample:

Δ = Δ + Δ‐ ‐f fC ( C ) ( C )14
TOC EXT RES

14
EXT RES petro

14
petro (1)

where Δ14Cpetro was assumed to be −1000‰, and Δ14CEXT‑RES
was assumed to be natural sediment organic matter containing
no petroleum contribution and assuming f EXT‑RES + f petro = 1.
Using this approach, petroleum was estimated to make up 56%
and 74% of the carbon in marsh sediments at impacted sites 1
and 2, respectively, 5 months after oil intrusion and 1% and 9%
of the carbon 18 months after oil intrusion (Table S6). These
contributions were consistent with measured PAH, alkane, and
UCM concentrations measured at these sites. Similarly, using
an isotopic mass balance as per eq 1 but using δ13C values,
petroleum was estimated to make up 54% and 74% of the
carbon at impacted sites 1 and 2, respectively, 5 months after
oil intrusion. However, there was no concurrent increase in
microbial biomass at this time point as shown by total PLFA
concentrations, indicating that microbial community growth
was limited by other factors. This suggests that removal of these
limiting factors may represent a means to stimulate
biodegradation particularly in environments where it is
occurring slowly.

Microbial Incorporation of Deepwater Horizon Oil in
Marsh Sediments. The highly depleted Δ14CPLFA‑rich values
observed at impacted sites 5 months after oil intrusion
demonstrate that in situ biodegradation by the indigenous
microbial communities was contributing to the loss of
petroleum at these sites. Using an isotopic mass balance similar
to eq 1, it was estimated that 86% and 78% of the carbon in
microbial PLFAs was derived from petroleum at impacted sites
1 and 2, respectively, at this time. This high proportion of
petroleum carbon present in PLFA, which are produced by
both bacteria and fungi, suggest that petroleum hydrocarbons
were the primary microbial carbon source at impacted sites at
this time through direct degradation by hydrocarbon-degrading
microbes and/or recycling of microbial organic compounds to
nonhydrocarbon-degrading microbes.
By 18 months, Δ14CPLFA‑rich values were significantly less

depleted indicating that the relative contribution of petroleum
carbon to microbial PLFAs decreased at the impacted sites.
Δ14CPLFA‑rich values at impacted sites at 18 months were
depleted relative to the TOC and EXT-RES values by up to
174‰. With one exception, Δ14CPLFA‑rich values at reference
sites at all time points were similarly depleted by approximately
100 to 200‰ with respect to TOC and EXT-RES values

Figure 4. Relative frequency of dominant (a) bacterial, (b) archaeal,
and (c) fungal OTUs (summarized to class rank) in sediments
collected from two oil-impacted and two reference sites 5 and 18
months after oil contact.
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(Figure 2, Table S4). This depletion in PLFA-rich fraction
relative to TOC and EXT-RES implies that there was some 14C
depleted carbon source being metabolized by these microbial
communities and incorporated into PLFA. Assuming a fossil
carbon source such as petroleum, the input of highly depleted
carbon (Δ14C= −1000‰) to microbial PLFAs was estimated
to be 9−18% at impacted sites at 18 months and 5 to 22% at
reference sites. Given that the Gulf of Mexico experiences
frequent inputs of petroleum hydrocarbons via natural
hydrocarbon seeps as well as smaller scale spills, the presence
of hydrocarbons in sediments may be a common occurrence.
Indeed, hydrocarbon concentrations and estimates of petro-
leum carbon in TOC even at some of our reference sites were
nonzero (Table S6); this may represent a potential source of
highly depleted carbon to microbial PLFAs in sediments with
no visible oil. However, the highly depleted Δ14CPLFA‑rich values
observed at impacted sites at 5 months coupled to the decrease
in hydrocarbon concentrations demonstrate that biodegrada-
tion was contributing to mass loss of petroleum in these
sediments. It is important to note that additional processes such
as abiotic oxidation and export via sediment erosion were also
likely contributing to the overall loss of petroleum in these
sediments.44

The relatively large offset between the δ13C of the natural
organic matter, represented by EXT-RES, and petroleum make
this one of the most favorable systems for applying δ13C
analysis as a tool for differentiating microbial carbon sources.12

Despite the fact that petroleum presence indicated by δ13CTOC
values was comparable to that obtained using Δ14C analysis,
microbial incorporation of petroleum carbon could not be
resolved based on δ13CPLFA‑rich values. The δ

13CPLFA‑rich values at
impacted sites were expected to be more depleted relative to
reference sites at 5 months due to the utilization and
incorporation of δ13C-depleted petroleum carbon into micro-
bial lipids. However, no such depletion was observed at 5
months, and δ13CPLFA‑rich values at impacted and reference sites
differed by only 1 to 3‰. At 18 months, δ13CPLFA‑rich values
between impacted and reference sites varied by 2 to 4‰, and
δ13CPLFA‑rich at all sites were more depleted than TOC and
EXT-RES (by 7 to 12‰), greater than the expected 4 to 6‰
fractionation between heterotrophic microbes and their carbon
source65 (Table S7). The lack of resolvable δ13C signal of
petroleum incorporation into PLFA may be due to variation in
fractionations during lipid synthesis as depletions of 3 to 14‰
between microbial lipids and carbon sources have been
previously observed,66−68 particularly in anaerobic systems.
Further, the production of highly depleted methane (δ13C =
−30 to −60‰) by methanogens and subsequent utilization of
this carbon by methanotrophs may also confound the use of
δ13C in this system. It is also possible that in the microbial
community is utilizing more depleted C3-derived organic
matter that may be deposited into sediments via the
Mississippi-Atachafalyla river system. These results demonstrate
that natural abundance Δ14C analysis can overcome these
factors and resolve in situ biodegradation of petroleum in
saltmarsh environments.
Impact of Petroleum Oil on Microbial Community

Structure. Biodegradation of petroleum involves complex
interactions between microbes and the geochemical properties
of the surrounding environment.23 Consequently, assessing the
degradation of hydrocarbons in the natural environment is
challenging because these interactions are difficult to replicate
within a laboratory setting. Studies investigating the in situ

response of microbial communities to released MC252 oil are
providing valuable information regarding the biodegradation
potential of indigenous microbial communities in the Gulf of
Mexico.26,27,29−32,69,70 Our study is the first to demonstrate
direct utilization and incorporation of this oil into microbial
biomass in the first few months following the spill and
subsequent removal of this oil from sediments by 18 months.
Although previous studies have detected dramatic shifts in

bacterial community structure in response to the presence of
petroleum, we observed a much less dramatic shift in the
relative abundance of dominant bacterial taxa between
impacted and reference sites in this study. However, we did
observe a higher relative abundance of bacterial groups,
Rhodobacterales and Sphingomonadales, in impacted sediments
5 months after oil intrusion. As the hydrocarbon concentrations
decreased, the taxonomic composition of impacted and
reference sites became more similar by 18 months after oil
intrusion. This is consistent with previous observations in the
literature which suggest that members of Sphingomonadales are
dominant PAH degraders in soils and sediments,71,72 based on
their frequent occurrence in contaminated sites and their
known metabolic capability. Recent metagenomic analyses from
Elmer’s Island, Louisiana show enrichment of Rhodobacterales
in oil-impacted samples.73 Likewise, Kostka et al.27 found a
significant community shift toward a number of bacterial
groups, including Rhodobacterales, in oil-contaminated beach
sands in Florida. Although we observed an apparent shift in the
microbial community structure, no concomitant increase in
microbial biomass in oil-impacted sediments, as measured by
total PLFA concentrations, was observed. This is consistent
with previous work that investigated surface waters near the
Deepwater Horizon site and found microbial biomass to be
comparable inside and outside the oil slick.70

Archaea have been detected in many petroleum-impacted
environments including aquifers,74−76 soils,77,78 and petroleum
reservoirs.79,80 However, the effect of petroleum on archaea and
their role in hydrocarbon degradation is not well understood.
Redmond and Valentine32 found that archaeal community
compositions were similar in well oxygenated oil plume and
nonplume samples over a period of five months, even while the
samples contained different bacterial communities, suggesting
that presence of petroleum does not have a large impact on the
archaeal communities. In this study, the archaeal communities
at impacted sites were found to be taxonomically more similar
to one another than to that of the reference sites even when
petroleum concentrations in the sediments were minimal. The
greater abundance of Methanomicrobia at impacted sites may
have resulted from anoxic conditions induced by the aerobic
degradation of petroleum or because the impacted sites
happened to be more similar sedimentary environments, even
prior to the oiling event. Nevertheless, methanogenic archaea
such as Methanomicrobia have been found to be prevalent in
saltmarsh sediments.81−83 Due to our limited knowledge of the
metabolic capability of archaea, it is difficult to discern whether
the composition of the archaeal community at impacted sites
resulted from their role in petroleum degradation. Future
studies that further characterize these archaeal communities,
including radiocarbon analysis of archaea-specific lipids, may
provide sufficient context to address their contribution to
biodegradation.
One might expect fungi to play an important role in the

breakdown of the higher molecular weight components of
petroleum due to their production of nonspecific phenol
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oxidase enzymes such as laccase and peroxidase.84,85 The higher
relative frequency of OTUs belonging to Dothideomycetes
detected at impacted sites 5 months after oil intrusion suggests
that this group may be playing a role in biodegradation.
Similarly, Bik et al. 30 found postspill beach sediments impacted
by MC252 oil to be dominated by the ascomycete genera
Cladosporium and Alternaria, both of which belong to the class
Dothideomycetes. Species belonging to this class have been
shown to degrade hydrocarbons and thrive in polluted
environments.86,87 In addition, some species within this class
(Dothideomycetes) have increased activity of lignin-degrading
enzymes such as laccases that are capable of degrading
PAHs.88−90 While many studies of marine fungi focus on
taxonomic novelty and phylogenetic diversity, it is recognized
that this is an understudied field.91 Additional functional studies
of marine fungi, including radiocarbon studies tracing carbon
sources into unique fungal biomarkers, are needed to elucidate
the role that fungi may play in the breakdown of petroleum in
natural settings.
The highly depleted Δ14CPLFA‑rich values directly show that in

situ biodegradation by the indigenous microbial communities
contributed to degradation and thus remediation of MC-252 oil
in the severely oiled marsh sediments of Barataria Bay.
Furthermore, microbial community analysis of bacterial
communities points to the groups, Sphingomonadales and
Rhodobacterales, as being potential degraders at these sites. Our
limited understanding regarding the role and function of
archaea and fungi in contaminated environments makes it
difficult to assess whether these groups may be playing a role in
petroleum biodegradation. The findings of this study suggest
that Gulf of Mexico coastal systems have considerable
biodegradation potential and that natural attenuation may be
feasible remediation strategy in this region.
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FIGURE S1. Location of sediment samples collected from impacted and reference salt marshes. 

Impacted sites were located in the northeast corner of Barataria Bay on St. Mary Island which 

received heavy oil coverage due to prevailing winds and currents after the Deepwater Horizon 

spill. Reference site 1 was located in the northwest corner of the bay, east of Hackberry Bay. 

Reference site 2 was located on the south side of the bay in Grand Isle State Park (Silliman et al., 

2012). 

  



 

FIGURE S2. Relative frequency of OTUs classified to bacterial orders within the 

Alphaproteobacteria class at impacted and reference sites in Barataria Bay at 5 and 18 months 

after oil contact.  



 
FIGURE S3. Non-metric multi-dimensional scaling (NMDS) ordination of (a) archaeal (b) 

bacterial and (c) fungal communities in sediments at 5 months (open symbols) and 18 months 

(closed symbols) after oil intrusion. Two data points shown for each sediment sample represent 

environmental replicates. Distance matrices were generated using Chi squared distances and is 

based on the relative frequency of OTU sequences taxonomically assigned using RDP + 

MEGAN (archaea and bacteria) or BLAST + MEGAN (fungi).  Only statistically significant 

fitted (p < 0.05) hydrocarbon concentrations (alkanes, PAHs, UCM) are shown as vectors 

(arrows).    
 



TABLE S1. Coordinates of impacted and reference sites sampled in Barataria Bay, Louisiana 

Sites Latitude Longitude 

Impacted 1 29º26’819”N 89º56’264”W 

Impacted 2 29º26’196”N 89º54’681”W 

Reference 1 29º24’535”N 89º59’239”W 

Reference 2 29º13’402”N 90º00’443”W 

Adapted from Silliman et al., 2012 



Table S2. Sediment PAHs, alkane, UCM and PLFA concentrations (mg/kg) at 5, 11 and 18 

months after initial oil contact at two impacted and two reference sites 

Sites 

Months 
following 

oil 
intrusion 

Date of 
Sample 

Collection 

 

TOC 

(%) 

Total 
PAHs 

(mg/kg) 

Total 
alkanes 
(mg/kg) 

 

UCM 
(mg/kg) 

Total 
PLFA 

(mg/kg) 
Cells g

-1
* 

Impacted 1 5 Oct 2010 38.6 99.4 6987 50380 2.5 3.6E+08 

Impacted 2 5 Oct 2010 14.7 16.2 1303 26465 2.4 3.3E+08 

Reference 1 5 Oct 2010 4.4 1.5 17 18 5.7 8.2E+08 

Reference 2 5 Oct 2010 3.9 1.1 52 280 25.1 3.6E+09 

Impacted 1 11 Apr 2011 10.1 9.5 413 4673 2.9 4.1E+08 

Impacted 2 11 Apr 2011 8.6 10.0 415 2875 1.4 2.1E+08 

Reference 1 11 Apr 2011 5.1 1.5 19 51 6.2 9E+08 

Reference 2 11 Apr 2011 5.1 1.0 25 41 10.8 1.6E+09 

Impacted 1 18 Oct 2011 5.7 0.7 29 42 3.1 4.6E+08 

Impacted 2 18 Oct 2011 6.9 0.8 19 282 3.7 5.3E+08 

Reference 1 18 Oct 2011 8.2 0.4 20 43 3.2 4.6E+08 

Reference 2 18 Oct 2011 5.3 0.4 14 24 8.4 1.2E+09 

*cells per gram estimate was estimated from PLFA concentrations  

 



TABLE S3. Distribution of PLFA classes expressed as mole percentage of the total 

Sites 

Months 
following 

oil 
intrusion 

Monounsaturated 
FA 

n-
Saturated 

FA 

Terminally 
branched 
saturated 

FA
1
 

Mid 
branched 
saturated 

FA 

 
Cyclopropyl 

FA
2
 

Polyunsaturated 
FA  

Impacted 1 5 28 49 8 16 0 0 

Impacted 2 5 26 42 12 17 4 0 

Reference 1 5 39 32 12 8 8 2 

Reference 2 5 24 32 14 19 7 4 

Impacted 1 11 29 28 14 14 12 3 

Impacted 2 11 34 28 27 0 11 0 

Reference 1 11 28 29 17 15 5 7 

Reference 2 11 22 23 15 33 7 1 

Impacted 1 18 21 33 16 21 7 1 

Impacted 2 18 28 33 15 15 5 3 

Reference 1 18 19 38 16 20 3 4 

Reference 2 18 24 31 18 16 8 4 
1
iso- and anteiso- PLFA 

2
cyc 17:0 and cyc 19:0 



TABLE S4. δ
13

C and ∆
14

C signatures of PLFA-rich fraction, Total Organic Carbon 

(TOC), Extracted-Residue (EXT-RES) at impacted and reference sites following oil 

intrusion 

Sites 

Months 
following 

oil 
intrusion 

∆
14

CPLFA-rich  

± 20‰ 

∆
14

CTOC  

± 10‰ 

∆
14

CEXT-RES 

± 10‰ 

δ
13

CPLFA-rich 

± 0.5‰ 

δ
13

CTOC 

± 0.5‰ 

δ
13

CEXT-RES 

± 0.5‰ 

Impacted 1 5 -882 -778 -142 -29.7 -25.2 -20.2 

Impacted 2 5 -815 -625 -155 -29.5 -24.2 -21 

Reference 1 5 -222 -127 -127 -26.2 -20.7 -19.9 

Reference 2 5 -123 -94 -73 -28.2 -20.5 -16.5 

Impacted 1 18 -181 -21 -7 -31.5 -21.2 -20.2 

Impacted 2 18 -136 -132 -52 -28.7 -21 -18.4 

Reference 1 18 -263 -156 -144 -27.2 -20.2 -20.2 

Reference 2 18 -250 -69 -34 -29.2 -17.6 -19.1 

 



TABLE S5. Comparison between δ
13

C measurements of individual PLFAs (16:0 and 

18:1) and bulk PLFA-rich fraction at two  impacted and one reference site following oil 

intrusion 

Sites 

Months 
following 

oil 
intrusion 

δ
13

CPLFA-rich 

± 0.5‰ 

δ
13

C16:0 

± 0.5 

δ
13

C18:1 

± 0.5 

16:0 
Mole 

percentage  
of total 

18:1 
Mole 

percentage 
of total 

Impacted 1 5 -29.7 -28.0 -27.2 21 19 

Impacted 2 5 -29.5 -27.2 -27.6 17 19 

Reference 1 5 -26.2 -28.6 -24.9 18 19 

Impacted 1 18 -31.5 -33.0 -- 18 9 

Impacted 2 18 -28.7 -30.3 -27.2 21 13 

Reference 1 18 -27.2 -26.3 -24.5 18 5 

--  could not be measured due to insufficient mass  



TABLE S6. Estimated fraction of TOC made up of petroleum carbon based on isotopic 

mass balance using ∆
14

C values 

Sites 

Months 
following 

oil 
intrusion 

Date of Sample 
Collection 

 

TOC 

(%) 

Fraction of TOC 
made up of  

petroleum carbon  

(%)* 

Impacted 1 5 Oct 2010 38.6 74 

Impacted 2 5 Oct 2010 14.7 56 

Reference 1 5 Oct 2010 4.4 0 

Reference 2 5 Oct 2010 3.9 2 

Impacted 1 18 Oct 2011 5.7 1 

Impacted 2 18 Oct 2011 6.9 8 

Reference 1 18 Oct 2011 8.2 1 

Reference 2 18 Oct 2011 5.3 4 

*as per eq (1)



TABLE S7. δ
13

C-depletion of PLFA-rich fraction relative to TOC, EXT-RES and  BP 

crude oil 

Months 
following oil 

intrusion 
Sites TOC EXT-RES 

BP crude oil 

(-27.2‰) 

5 Impacted 4-6‰ 8-10‰ 2-3‰ 

5 Reference 5-8‰ 6-12‰ 0-1‰ 

18 Impacted 7-11‰ 10-12‰ 1-5‰ 

18 Reference 7-12‰ 7-10‰ 0-2‰ 



Total Lipid Extraction 

 ∆
14

C of EXT-RES (residue remaining after solvent extraction) was used as a 

proxy for natural organic matter based on White et al., (2005), Ahad et al., (2010) and 

Mahmoudi et al., (2013). Petroleum hydrocarbons and solvent extractable organic 

materials were removed by carrying out a total lipid extraction (TLE). This was done by 

extracting approximately 5g of oven-dried sediment using 1:1 hexane:acetone along with 

a microwave accelerated reaction system (MARS, CEM Corporation).  Subsequently, 

organic compounds extracted by solvent (referred to as TLEs) were filtered using burned 

glass fiber filters to remove sediment particles (GF/G, Whatman) and treated with 

activated copper to remove elemental sulfur.  Residual sediment collected by filters 

(defined as EXT-RES) was decarbonated, analyzed for total organic carbon (% TOC) and 

sent for 
14

C analysis.



PLFA extraction and analysis  

 Approximately 40 to 100g of freeze-dried sediment was extracted using a 

modified Bligh and Dyer method (White et al., 1979) as per Slater et al., (2005).  Using 

2:1 methanol/DCM, sediments were extracted and the resulting sediment/solvent mixture 

was centrifuged in solvent-rinsed centrifuge tubes (10 min, 2000 rpm). Following 

centrifugation, samples were filtered into separatory funnels using 0.45µm pre-combusted 

glass fiber filters (GF/G, Whatman).  Nanopure water was added to separatory funnels in 

order to separate aqueous and organic phases. Subsequently, the organic phase was 

collected and separated into three fractions by gravity column chromatography using 

fully activated silica (precombusted at 450°C for 8 h) and dicholormethane (DCM), 

acetone and methanol to elute non-polar, neutral and polar fractions, respectively. The 

polar fraction which contained phospholipids was evaporated to to dryness under a 

stream of nitrogen gas and reacted to fatty acids methyl esters (FAMEs) via mild alkaline 

methanolysis reaction.  Subsequently, FAMEs were further purified using a secondary 

silica gel step (hexane/DCM 4:1, DCM, methanol) and eluted in dichloromethane. 

Identification and quantification of FAMEs utilized an Agilent 6890 gas chromatograph 

coupled to an Agilent 5973 quadrupole mass spectrometer (equipped with a 30 m x 0.25 

mm DB-5 MS column). The temperature program for the GC oven was 40 ºC for 1 min, 

ramp to 130 at 20 ºC/min, to 160 at 4 ºC/min and then to 300 at 8 ºC/min, with a final 

hold time of 5 min.  Lastly, FAMEs were identified using a bacterial reference standard 

(Bacterial Acid Methyl Esters CP, Mix, Matreya Inc), mass-fragmentation patterns and 

retention times and quantified using external calibration standards (which contained 

FAMEs of various chain length).



Microbial DNA and Bioinformatics Analysis 

 16S rRNA gene amplicons for bacteria were created using primers 27F-530R 

(27F: 5’-AGRGTTTGATCMTGGCTCAG-3’; 530R: 5’-CCGCNGCNGCTGGCAC-3’) 

and Arch344F-Arch915R for archaea (Arch344F: 5’-ACGGGGYGCAGCAGGCGCGA-

3’; Arch915R: 5’GTGCTCCCCCGCCAATTCCT-3’) (Lane, 1991; Raskin et al., 1994). 

Bacterial and archaeal 16S rRNA gene amplicons were analyzed using a semi-automated 

custom pipeline as follows: Reads were sorted by barcode, zero mismatches allowed, and 

the barcodes were removed.  Reads were checked for the presence of the forward primer, 

one mismatch allowed.  Reads were quality trimmed using SeqTrim (Falgueras et al., 

2010) using a sliding window size of 10bp, windows were discarded if the average Phred 

quality score was less than 20, and trimmed sequences were discarded if they were less 

than 80 bp in length.  Trimmed sequences were dereplicated, ‘denoised’ by clustering at 

99% sequence similarity, sorted by decreasing OTU frequency, clustered by 97% 

sequence similarity, then singletons were removed using USEARCH v 6.0.307 (Edgar, 

2010 Bioinformatics 26: 2460-2461).  A single representative ‘centroid’ sequence per 

operational taxonomic unit (OTU) was classified using a local installation of the 

Ribosomal Database Project classifier v. 2.5.  Classified OTUs were imported into 

MEGAN using the following lowest common ancestor settings: min support=1, min 

score = 80 (i.e. 80% bootstrap support), top percent = 100, win score = 100, minimum 

complexity = 0.44.  MEGAN uses a lowest common ancestor (LCA) algorithm to parse 

through taxonomic reports from the RDP classifier or BLAST to make assignments to 

variable taxonomic ranks by summarizing the taxonomic lineages associated with these 

hits. 



 Fungal ITS amplicons were created using primers ITS1F-ITS4 (ITS1F: 

5’CTTGGTCATTTAGAGGAAGTAA; ITS4: 5’CCTCCGCTTATTGATATGC-3’) 

(White et al., 1990; Gardes and Bruns, 1993). ITS amplicons were processed using the 

custom pipeline described above, except that after sequences were sorted by barcode, 

they were further processed using the Fungal ITS Extractor.  The extractor was used to 

target fungal ITS sequences with the adjacent small and large subunit RNA gene 

sequences removed (Nilsson et al., 2010).  Trimmed reads were clustered as described 

above.  A single representative centroid sequences per OTU was subjected to BLAST 

2.2.26+ (Altschul et al., 1997) searches using the blastn (megablast) algorithm against a 

local copy of the GenBank nucleotide database [April 2013] with an e-value cutoff of 1e-

10. BLAST results were imported into MEGAN 4.70.4 (Huson et al., 2011) for 

automated taxonomic assignments.  The parameters we used to define the best set of 

BLAST hits used by the LCA parser are as follows: minimum support = 1, minimum 

score = 50, top percent = 1, win score = 0.0, minimum complexity filter = 0.44.  Since 

taxonomic assignments based on the ITS1 region only (70% of the raw data) resulted in 

75% of sequences with no BLAST hits or no taxonomic assignment (data not shown), we 

focused our analyses on the sequences covering the ITS1-5.8S-ITS2 region (40% of the 

raw data) where nearly all the sequences were taxonomically assigned by MEGAN.  To 

avoid the error associated with over-assigning our partial ITS sequences, we summarized 

taxonomic assignments to the class rank. 

 Distance matrices for the archaeal (order), bacterial (order), and fungal (class) 

community samples were created in MEGAN using normalized OTU counts (normalized 

to 100,000 OTUs per sample) and the Chi-squared distance metric.  Non-metric 



multidimensional scaling (NMDS) plots were calculated using the ecodist package in [R] 

using the default parameters with 3 dimensions and 1000 iterations (Goslee and Urban, 

2007).  Environmental variables were fitted to the ordinations using 1000 permutations.   
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